
Architecture of Lipid Droplets
in Endoplasmic Reticulum Is Determined
by Phospholipid Intrinsic Curvature
Vineet Choudhary,1,4 Gonen Golani,2,4 Amit S. Joshi,1 St�ephanie Cottier,3 Roger Schneiter,3 William A. Prinz,1,5,6,*
and Michael M. Kozlov2,5,*
1Laboratory of Cell andMolecular Biology, National Institute of Diabetes and Digestive and Kidney Diseases, NIH, Bethesda, MD 20892, USA
2Department of Physiology and Pharmacology, Sackler Faculty of Medicine, Tel Aviv University, 69978 Tel Aviv, Israel
3Division of Biochemistry, Department of Biology, University of Fribourg, 1700 Fribourg, Switzerland
4These authors contributed equally
5These authors contributed equally
6Lead Contact
*Correspondence: williamp@intra.niddk.nih.gov (W.A.P.), michk@post.tau.ac.il (M.M.K.)

https://doi.org/10.1016/j.cub.2018.02.020

SUMMARY

Lipid droplets (LDs) store fats and play critical roles
in lipid and energy homeostasis. They form be-
tween the leaflets of the endoplasmic reticulum
(ER) membrane and consist of a neutral lipid core
wrapped in a phospholipid monolayer with pro-
teins. Two types of ER-LD architecture are thought
to exist and be essential for LD functioning.
Maturing LDs either emerge from the ER into the
cytoplasm, remaining attached to the ER by a nar-
row membrane neck, or stay embedded in the ER
and are surrounded by ER membrane. Here, we
identify a lipid-based mechanism that controls
which of these two architectures is favored. Theo-
retical modeling indicated that the intrinsic molec-
ular curvatures of ER phospholipids can determine
whether LDs remain embedded in or emerge from
the ER; lipids with negative intrinsic curvature
such as diacylglycerol (DAG) and phosphatidyleth-
anolamine favor LD embedding, while those
with positive intrinsic curvature, like lysolipids,
support LD emergence. This prediction was veri-
fied by altering the lipid composition of the ER in
S. cerevisiae using mutants and the addition of
exogenous lipids. We found that fat-storage-
inducing transmembrane protein 2 (FIT2) homologs
become enriched at sites of LD generation when
biogenesis is induced. DAG accumulates at sites
of LD biogenesis, and FIT2 proteins may promote
LD emergence from the ER by reducing DAG levels
at these sites. Altogether, our findings suggest that
cells regulate LD integration in the ER by modu-
lating ER lipid composition, particularly at sites of
LD biogenesis and that FIT2 proteins may play a
central role in this process.

INTRODUCTION

Lipid droplets (LDs) play critical roles in cell physiology. Neutral

lipids stored in LDs, triacylglycerols (TAGs) and steryl esters,

are used for energy production and lipid metabolism [1]. The

neutral lipids in LDs are surrounded by a phospholipidmonolayer

harboring coat proteins like perilipins and lipid metabolism en-

zymes [1–6].

LD biogenesis occurs in the endoplasmic reticulum (ER) and is

driven by neutral lipid synthesis [1, 5, 7]. Two groups of proteins

play important but still poorly understood roles in LD biogenesis:

seipins and fat-storage-inducing transmembrane (FIT) proteins.

Mammals have two FIT proteins, FIT1, which is muscle specific,

and FIT2, which is expressed in most other tissues [8].

S. cerevisiae has two FIT2 proteins, called Scs3p and Yft2p,

but no FIT1. Phospholipids also affect LD biogenesis. It was

recently found that the efficiency of the triglyceride (trioleine) par-

titioning from phospholipid bilayers into the droplets and the

roundness of LDs substantially depend on the phospholipid

type and can be controlled by the bilayer lateral tension [9].

The dependence of LD biogenesis on phospholipids was also

suggested by the experiments showing that a protein complex

regulating the production of the TAG precursor diacylglycerol

(DAG) localizes to sites of LD formation [10, 11].

LDbiogenesis seems to occur largely in the tubularmembranes

of the peripheral ER, at least in mammalian cells [12]. During the

course of maturation, LDs move toward the cell center [12].

After LDs form, they are usually in the cytoplasm and can

remain connected to the ER by a membrane neck. This type of

LD-ER architecture will be called the emerged state. In cells lack-

ing or depleted of FIT2 proteins most LDs remained embedded

in the ER membrane and exposed to the ER lumen [13]. We

will refer to this type of LD-ER architecture as the embedded

state. Importantly, even in wild-type (WT) cells a small fraction

of LDs are embedded in the ER [13]. This finding is consistent

with a recent study showing that LD-binding proteins normally

in the cytoplasm can still bind LDs when expressed in the ER

lumen [14], suggesting that LDs can transition between emerged

and embedded states.
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Here, we propose a mechanism determining whether LDs

emerge from the ER or remain embedded. This mechanism is

based on the elastic behavior of phospholipid monolayers and

suggests that the architecture of LD-ER connection is controlled

by the intrinsic molecular curvatures of the phospholipid mole-

cules composing the membrane monolayers.

The intrinsic molecular curvature of an individual phospho-

lipid, z, is an effective value describing the mean curvature of

monolayers this phospholipid builds under unconstrained condi-

tions, which will be referred to as the molecular curvature.

Curvature is defined as positive if the monolayer bulges toward

its polar surface and negative otherwise. Most phospholipids

have a slightly negative molecular curvature such as

zPCz–0.1 nm–1 for phosphatidylcholine (PC) [15]. Several phos-

pholipids called ‘‘non-bilayer lipids’’ are characterized by large

negative molecular curvatures. Examples are DAG with

zDAGz� 1 nm�1 [15], cholesterol in small membrane concentra-

tion with zCHOLz� 0:4 nm�1 [15]. Lysolipids such as lysophos-

phaditic acid (LPA) and lysophosphatidylcholine (LPC) have

strongly positive molecular curvatures measured to be, respec-

tively, zLPAz0:5 nm�1 [15] and zLPCz0:2 nm�1 [15]. The molec-

ular curvatures of phospholipids composing a lipid monolayer

determine the tendency of the latter to adopt, spontaneously, a

curvature referred to as the monolayer spontaneous curvature,

Jsm, and equal, approximately, to the weighted average of the

molecular curvatures of the constituent lipids ([16] and STAR

Methods).

Here, we predict by theoretical modeling and verify experi-

mentally in live cells that non-bilayer phospholipids with negative

molecular curvature such as DAG or phosphatidylethanolamine

(PE) favor the embedded state of LDs, while phospholipids

with large positive molecular curvature, such as lysolipids, stabi-

lize the emerged state.

RESULTS

Theoretical Model for the Shape of an ER Tubule
Containing a LD
We developed a theoretical model to recover, computationally,

the configurations of ER tubules, which contain LDs growing

between their membrane monolayers. We aim to predict how

these configurations depend on the molecular curvatures of

the phospholipid molecules constituting the membrane and to

determine the differences in the membrane phospholipid

compositions favoring the embedded or emerged state of the

system.

Qualitative Essence of the Model

We consider the initial ER tubule as a lipid bilayer, which is bent

into a shape of a homogeneous cylindrical tube by curvature-

generating proteins of reticulon and REEP/DP1/Yop1 families

[17, 18] referred in the following to as the reticulons, for

simplicity. We analyze, computationally, the transformations of

the membrane shape produced by insertion into the bilayer of

a LD, while the reticulons tend to preserve the initial shape of

the tubule.

Our modeling is based on minimization of the system energy

whose major component is the elastic energy of membrane

bending [19]. In essence, the model proposes that there are

three factors related to generation and growth of a LD within

the membrane of an ER tubule, whose interplay determines the

architecture of the system.

First, emergence of a LD enables a partial relaxation of the

bending elastic energy accumulated, initially, by the monolayers

of the tubular membrane. This relaxation drives a reshaping of

the membrane in the vicinity of the droplet and determines the

final equilibrium configuration of the system. More specifically,

upon generation of the tubular membrane shape by the reticulon

scaffolds, the membrane monolayers accumulate an elastic en-

ergy related to a mismatch between the monolayer spontaneous

curvature determined by the constituent phospholipids and the

actual curvatures of the monolayers imposed by the reticulons.

Obviously, this monolayer elastic energy referred below to as

the mismatch energy, Fmis, depends on the monolayer sponta-

neous curvature and, hence, on the membrane lipid composi-

tion. As long as the tubular membrane remains continuous, it

stores the mismatch energy. Generation of a LD between the

membrane monolayers disrupts the integrity of the membrane

bilayer producing a bilayer discontinuity (Figure S1A). The rim

of this discontinuity is attached to the LD surface through a tran-

sition region, which can be approximated by a line referred to as

the membrane-LD contact line (Figure S1A). The presence of the

discontinuity provides a way for the membrane to relax, at least

partially, the mismatch energy. This relaxation is enabled by re-

positioning of the contact line along the LD surface accompanied

by changes of the tubular membrane shape.

The second factor is the energy of themembrane-LD transition

region, Ftrans (Figure S2). This energy can be either positive or

negative depending on whether the spontaneous curvatures of

the phospholipid monolayers covering the transition region

matches the concave shape of the monolayers (Equations S10

and S16). A positive energy, Ftrans > 0, means that the mem-

brane-LD contact line has a tendency to contract, while in

case this energy is negative, Ftrans < 0, elongation of the contact

line is favorable, energetically. Hence, the changes of the energy

of the transition region, Ftrans can either limit or boost the mem-

brane shape transformations caused by LD insertion.

Finally, the third factor, which counteracts any deviation of the

tubular membrane from its initial cylindrical shape including the

membrane reshaping by LD is the resistance of the reticulon

scaffolds, which are persistently dispersed over the membrane

surface.

The final equilibrium shape of the tubular membrane harboring

a LD is set by the interplay of the three factors above such that

the total energy of the system acquires a minimal value.

Importantly, as mentioned above and elucidated in the STAR

Methods, the mismatch energy and the energy of the transition

region depend on the molecular curvatures and relative amounts

of the phospholipids constituting the monolayers of the system.

Therefore, the equilibrium configuration of the system depends

on the membrane phospholipid composition.

In the STAR Methods, we explain in detail the origin of the

above-mentioned contributions to the system energy and pre-

sent the basic formulas used in the computations.

Predicted System Configurations

The overall conclusions of our computations are that both the

embedded and emerged states of the LD-ER systems are recov-

ered by the model and that the transition between these states

can be driven by variations of the spontaneous curvature of
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the membrane phospholipid monolayers, Jsm, which, in turn, is

determined by the composition of the phospholipid monolayers

through the molecular curvatures of the monolayer components

(Equation S1). According to themodel, the negative values of Jsm
produced by relatively large mole fractions within the mono-

layers of phospholipids with negative molecular curvature,

z < 0 (e.g., DAG or DOPE), favor the embedded states.

Conversely, more positive values of the monolayer spontaneous

curvature, Jsm, resulting from elevated mole fractions of phos-

pholipids with positive molecular curvature, z > 0 (lysolipids)

support the budded state.

These conclusions are illustrated in Figure 1, which presents a

series of the system configurations corresponding to variations

of the spontaneous curvature of the membrane monolayers,

Jsm, in a simplest case where Jsm is homogeneous throughout

the whole system including the transition region. According to

Figure 1, for sufficiently negative values of the monolayer spon-

taneous curvature, Jsm, the system adopts configurations where

the LD is deeply inserted into the tubular lumen and extensively

surrounded by the tubular membrane (Figures 1A–1C), which

corresponds to the embedded state similar to that observed

by EM [13]. For slightly negative and positive monolayer sponta-

neous curvatures, the LD is predicted to be located outside of

the tubule and to remain connected to the tubular membrane

by a narrow lipid neck (Figures 1F–1I). There is some evidence

that, at least in yeast, LDs remain attached to the ER by such

necks [20]. For moderately negative monolayer spontaneous

curvatures, the system conformations are predicted to be inter-

mediate between the embedded and emerged states (Figures

1D and 1E).

To quantitatively characterize the extent of the LD embedding

into the ER tube, we determined the ratio,F, between the LD sur-

faces facing the tubular lumen and the cytosol. The emerged

state corresponds to, practically, vanishing F, whereas the

embedded state corresponds to F significantly different from

zero.

A

B

C

D

E

F

G

H

I

J

K

Figure 1. Computed Conformations of an ER Tubule Containing a LD

The model used for the computations is illustrated in Figures S1 and S2.

(A–C) Embedded states. The degree of embedding decreases from (A) through (B) to (C).

(D and E) Intermediate states. (D) Closer to the embedded state and (E) closer to the emerged state.

(F–I) Emerged states. The degree of emerging gradually increases from (F) through (G) and (H) to (I).

(J) Dependence of the fraction of the droplet surface exposed to the ER lumen, F, on the monolayer spontaneous curvature, Jsm, and the line tension, l, and the

Gaussian modulus parameter, Dk.

(K) Dependence of F on DAG mole fraction in the membrane monolayers, f0
D, and the corresponding values of the monolayer spontaneous curvature in the

transition region upon the assumption that DAG, which freely redistributes along the monolayer including the membrane-LD transition region, is the only factor

producing themonolayer spontaneous curvature. The blue, green, and red lines represent the results for the LD radii of 25, 50, and 100nm, respectively. For (A)–(I)

LD radius is 50 nm, initial radius of ER tubule is 25 nm, lipid monolayer bending modulus is 10 kBT.
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In Figure 1J, we present the dependence of F on the mono-

layer spontaneous curvature, Jsm. The blue, green, and red lines

represent the results for the LD radii of 25, 50, and 100, respec-

tively. Remarkably, the transition between the embedded and

the emerged states is predicted to happen almost abruptly within

a narrow range of the monolayer spontaneous curvature close to

Jsmz� 0:031nm�1 (Figure 1J). For small LDs, the values of F in

the embedded state are close to one, which means that a large

fraction of the droplet area faces the ER lumen. For droplets

much larger than the tube diameter, even in the embedded state,

F remains considerably smaller than one since, for steric rea-

sons, the lumen cannot accommodate a substantial fraction of

the droplet (Figure 1J).

To generalize the understanding of the model predictions,

we present in Figure 1J also the variations of the line tension,

l (Equations S10 and S16), and the Gaussian parameter,

Dk (Equation S4), corresponding to the variations of the mono-

layer spontaneous curvature, Jsm and characterizing, respec-

tively, the energy of the transition region and the mismatch

energy (see STAR Methods).

We further computed the system configurations for a more

sophisticated case relevant for the experimental verification of

the proposed mechanism presented in the next section. Here,

we did not assume the homogeneity of the monolayer sponta-

neous curvature, Jsm, but rather considered Jsm to be generated

bymolecules of DAG, which undergo free redistribution between

the membrane and the transition region to minimize the energy

of the latter (STAR Methods). In this case, the lipid monolayers

of the transition region are getting enriched in DAG mole-

cules since the negative curvature of these monolayers (Fig-

ure S1A) matches the negative molecular curvature of DAG,

zDAGz� 1nm�1 [15]. The degree of LD embedding into ER

lumen as a function of the DAG mole fraction in the membrane

bulk, f0
D, which can be varied experimentally, and of the related

monolayer spontaneous curvature on the transition region, Jtsm,

is presented in Figure 1K. These results demonstrate, quantita-

tively, that increase of f0
D within the experimentally relevant

range between 2% and 4% promotes formation of the emerged

state of the system.

Finally, we analyzed the configurations of an, initially, flat

membrane with an embedded LD. The goal of this computation

was tomodel the configurations of ER sheets or the outer nuclear

membrane containing LDs. According to our computations, in

this case the system can adopt two configurations: in the first,

which can be classified as the embedded state, the droplet is in-

serted into the membrane up to its equator (Figure 2A), and, in

the second, which corresponds to the emerged state, the droplet

is connected to the membrane by a thin neck (Figure 2B). The

system undergoes transition between these two states abruptly,

at a certain monolayer spontaneous curvature, whose values are

presented in Figure 2C for different droplet radii.

Strategy for Verifying the Model

Ourmodel predicts that altering the phospholipid composition of

the ER will determine whether LDs emerge from the ER mem-

brane or remain embedded. Lipids with negative curvature,

such as DAG or PE, are predicted to favor embedded LDs,

whereas phospholipids with positive curvature like lysolipids,

favor emerged LDs. We tested this prediction by altering the

phospholipid composition of the ER in S. cerevisiae.

DAG Is Elevated in the ER of Cells Lacking FIT2 Proteins
We previously demonstrated that most LDs in S. cerevisiae lack-

ing FIT2 proteins (scs3D yft2D) remain embedded in the ER

membrane [13] (Figure 3A). When visualized by electron micro-

scopy (EM), LDs in scs3D yft2D cells are frequently wrapped

by a membrane. We demonstrated that this membrane is the
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Figure 2. Computed Positioning of LD in Flat ER Membrane

The model used for the computations is illustrated in Figures S1 and S2.

(A) Embedded state.

(B) Emerged state.

(C) Dependence of the monolayer spontaneous curvature, which causes transition between the embedded and emerged states, on the LD radius. Same

parameter values are shown as in Figures 1A–1I.
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Figure 3. LDs Remain Embedded in ER When ER DAG Is Elevated

(A) Cartoon of LD formation.

(B and C) Wild-type (B) and yft2D scs3D (C) cells visualized by EM. Lower panels show details of upper; ER (yellow) and LDs (red) are highlighted; N, nucleus,

V, vacuole, M, mitochondria, and CW, cell wall. Fluorescent images of strains are as shown in Figure S2A.

(legend continued on next page)
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ER and the space between the LD and the wrapping membrane

is the ER lumen. We found that ER-wrapped LDs are embedded

in the ER membrane and are not completely inside the ER lumen

because they remain accessible to cytoplasmic proteins. For

example, all LDs in cells lacking FIT2 proteins contain Erg6p, a

peripheral membrane protein that binds the cytoplasmic surface

of LDs [21]. Therefore, we used LD wrapping by the ER as an in-

direct indication of whether LDs emerge from the ER; LDs that

are not wrapped have emerged from the ER while membrane-

wrapped LDs are ER embedded.

Here, we found, consistent with our previous study, that most

LDs have emerged from the ER in WT cells and are embedded in

a FIT2 mutant (Figures 3B, 3C, and S3A).

Since human FIT2 binds DAG [22], we hypothesized that

FIT2 proteins affect LD emergence from the ER by modulating

DAG levels. We found that DAG levels are indeed significantly

higher in immuno-purified ER membranes from cells lacking

FIT2 proteins than those from WT cells (Figures 3D, S3B,

and S3C).

Altering ER DAG Levels Affects LD Emergence from ER
To investigate the role of DAG in LD emergence, we used mu-

tants with altered DAG metabolism. A significant fraction of

DAG in S. cerevisiae cells is produced by Pah1p, which dephos-

phorylates phosphatidic acid (PA). Nem1p and Spo7p form a

phosphatase complex that regulates Pah1p (Figure 3E). Since

only dephosphorylated Pah1p is active, cells lacking Nem1p or

Spo7p have reduced Pah1p activity [23] and could have reduced

levels of DAG in the ER. Indeed, we found a significant decrease

in DAG levels in the ER of cells lacking the FIT2 proteins and

Nem1p (Figure 3D). Remarkably, the defect in LD emergence

from the ER in cells lacking FIT2 proteins was reversed when

they also lacked Nem1p (Figures 3F and 3G), consistent with

the idea that DAG levels in the ER affect LD emergence. LD

emergence in this train was not affected by exogenous oleic

acid (data not shown), which increases TAG production ([24];

Figure S4).

To obtain further evidence that DAG levels in the ER affect

LD budding, we increased DAG in the ER without eliminating

FIT2 proteins. DAG kinase (Dgk1p) converts DAG into PA (Fig-

ure 3E) and whole-cell DAG levels are elevated in strains lack-

ing Dgk1p [10, 25]. We found that DAG levels are significantly

higher in the ER of cells lacking Dgk1p (Figure 3D). They also

have significantly more ER-embedded LDs than WT cells (Fig-

ures 3F and 3H). Thus, loss of Dgk1p increases DAG in the ER

and the fraction of LDs that remain embedded in the ER

membrane.

Taken together, our findings support the hypothesis that DAG

levels in the ER affect LD emergence; elevated DAG increases

the fraction of LDs that remain ER-embedded. FIT2 proteins

may support LD emergence by reducing DAG levels in the ER.

Increasing ER PE Levels Inhibits LD Emergence from
the ER
Since elevated DAG levels in the ER may inhibit LD emergence,

we wondered whether increasing levels of another lipid in the ER

with a negative molecular curvature, like PE, might do the same

(Figure 4A). In S. cerevisiae, PC is generated from PE by two

methyltransferases, Cho2p and Opi3p (Figure 4B), and cells

lacking Cho2p have high levels of PE [26]. These cells have an

�5-fold increase in PE levels in the ER (Figure 4C). Consistent

with our model, we found a significant increase in the fraction

of LDs that remain embedded in the ER in cells lacking Cho2p

(Figure 4D).

Lipids with Positive Monolayer Spontaneous Curvature
Promote LD Emergence
Ourmodel predicts that lipids with a positivemolecular curvature

promote LD emergence. If this is correct, then increasing the

amount of such a lipid in the ER membrane of cells lacking the

FIT2 proteins should restore emergence of nascent LDs. To

test this, we added lyso-PC, which has positive molecular curva-

ture (Figure 4A), to cells during nascent LDs formation using a

strain in which de novo LD biogenesis can be controlled.

Four enzymes produce neutral lipids in S. cerevisiae: Are1p,

Are2p, Dga1p, and Lro1p. Cells lacking these enzymes do not

produce neutral lipids or contain LDs [27]. We used a strain

that lacks Are1p, Are2p, and Dga1p and expresses Lro1p under

the galactose regulatable GAL1 promoter (GAL1-LRO1, dga1D

are1D are2D [20]).

To test the effect of lyso-PC on LD budding, we used GAL1-

LRO1 dga1D are1D are2D cells that also lacked FIT2 proteins

(3D GAL-LRO1 yft2D scs3D). One hour after galactose addition,

most of the LDs formed remain embedded in the ER (Figure 4E).

However, when 300 mM lyso-PC was added together with galac-

tose, most LDs emerged from the ER (Figure 4E). Addition of

lyso-PC to the medium increased ER lyso-PC levels 5-fold (Fig-

ure 5F), suggesting that the effect of lyso-PC on LD emergence is

caused by increased lyso-PC in the ER membrane. The addition

of lyso-PC did not alter growth rate (Figure S5). Therefore, a lipid

with a positive molecular curvature, lyso-PC, corrects the LD

emergence defect in cells lacking FIT2 proteins. Similar results

were found with lyso-PA (Figure 4E).

FIT2 Proteins Are Enriched at Sites of LD Biogenesis
We wondered whether FIT2 proteins might regulate DAG levels

at sites of LD biogenesis. The two FIT2 proteins in yeast normally

localize throughout the ER; Scs3-GFP and Yft2-sfGFP (sf, super

fold) [13].We visualize theGFP fusions overexpressed from plas-

mids because endogenously tagged proteins were dim.

To investigate the localization of the FIT2 proteins during de

novo LD biogenesis, we used GAL1-LRO1 dga1D are1D are2D

cells, which initiate LD production when exogenous galactose

(D) DAG concentration of immuno-purifed ER-derived membranes, differences relative to wild-type (WT) *p < 0.05, **p < 0.005, one-way ANOVA with Tukey’s

multiple comparison (mean ± SD of 3 independent experiments). Whole-cell DAG levels and purification controls are as shown in Figures S3B and S3C.

(E) Cartoon of phospholipid metabolism.

(F) Percentage of emerged and embedded LDs. In all the samples, �7% of LDs were not clearly embedded in or emerged from ER; these were counted as

embedded (n = 50 of 3 independent experiments, *p < 0.05, **p < 0.005 relative to WT by one-way ANOVA with Tukey’s multiple comparison).

(G and H) EM of cells lacking Yft2p, Scs3p, and Nem1p (G) or Dgk1p (H). Boxed regions shown at higher magnification; ER (yellow) and LDs (red). LD number and

neutral lipid levels of the strains in this figure in Figure S4.
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is added. The strain also expressed Yft2-sfGFP or Scs3-GFP

and chromosomally encoded Erg6-mCherry, a protein that local-

izes to LDs in cells that contain them but is on the ER in cells that

do not [20]. Before galactose addition, the FIT2 proteins and

Erg6-mCherry have a typical ER localization (Figures 5A and

5B). After galactose addition, Erg6-mCherry becomes enriched

at sites of LD biogenesis in the ER and by 2–4 hr is found on

mature LDs. Remarkably, 1–2 hr after galactose addition Yft2-

sfGFP becomes highly enriched in puncta that frequently co-

localize with Erg6-mCherry puncta (Figure 5A). Similar results

were obtained with Scs3-GFP, though it does not become as en-

riched in puncta as Yft2-sfGFP.

Comparable results were obtained when de novo LD biogen-

esis was induced by adding oleic acid to WT cells. Before oleic

acid addition, Erg6-mCherry is on LDs while the FIT2 protein lo-

calizes to the ER (Figures 5C and 5D). Thirty minutes after oleic

acid addition, Yft2-sfGFP is in puncta that frequently co-localize

with Erg6-mCherry, probably at sites of LD biogenesis (Fig-

ure 5C). Interestingly, oleic acid addition caused levels of Yft2-

sfGFP and Scs3-GFP to increase for 1–2 hr and return to normal

by 4 hr (Figure S6), indicating that FIT2 levels are upregulated

during LD biogenesis. Oleic acid caused Scs3-GFP to become

enriched in regions of the ER that co-localize with Erg6-mCherry

but not to the extent that Yft2-sfGFP does (Figure 5D).

To confirm that Yft2-GFP becomes enriched at sites of de

novo LD biogenesis, we determined whether it colocalizes with

Figure 4. Modulating ER Phospholipid

Composition Affects LD Emergence

(A) Lipid composition affects monolayer curvature.

(B) Pathway of PE methylation in S. cerevisiae.

(C) PE concentration of immuo-purified ER-

derived membranes, differences relative to WT

*p < 0.05, ***p < 0.005, unpaired Student’s t test

(mean ± SD of 3 independent experiments).

(D) Percentage emerged or embedded LDs; n =

50 cells, 3 independent experiments, statistics as

in Figure 3F.

(E) Galactose and indicated lysolipid added to 3D

GAL1-LRO1 yft2D scs3D cells and after 1 hr, per-

centage of emerged and embedded LDs deter-

mined as in Figure 3F (n = 36 cell, 3 independent

experiments).

(F) Amount of lyso-PC (LPC) in microsomes

determined using mass spectroscopy, relative to

the internal standard LPC 19:0, mean ± SD of 2–3

independent experiments. Effects of exogenous

lyso-PC on cell growth rates given in Figure S5.

two proteins known to be at these sites:

Nem1p and seipin (Sei1p). Oleic acid

was added to growing WT cells express-

ing Yft2-sfGFP and endogenously tagged

Nem1-mCherry or Sei1-mCherry. One

hour after oleic acid addition, Yft2-sfGFP

puncta completely co-localized with

both proteins (Figure 6A), indicating that

Yft2-sfGFP puncta are sites of LD biogen-

esis. Further evidence that LD-forming

sites emerge during de novo LD biogen-

esis is provided by the finding that the

TAG-synthesizing enzyme Lro1p becomes enriched at sites

that colocalize with the LD Erg6-mCherry when LD biogenesis

is induced (Figure 6B). Collectively, these findings suggest that

yeast FIT2s, particularly Yft2p, become enriched at LD biogen-

esis sites when LD production is induced.

FIT2 Reduces DAGAccumulation at LD Biogenesis Sites
Since FIT2 proteins become enriched at LD biogenesis sites, we

wondered whether they might regulate DAG levels at these sites.

To investigate DAG distribution in the ER, we developed an ER-

DAG sensor. The DAG-binding tandem C1 domains of Protein

Kinase D (C1a/b-PDK) fused to GFP has been widely used to

probe DAG distribution in cells, and there is substantial evi-

dence, both in vitro and in cells, that C1a/b-PDK specifically

binds DAG [28–30]. We fused C1a/b-PDK to GFP and the trans-

membrane domain of Ubc6p, a tail-anchored ER protein (ER-

DAG sensor). After confirming that the sensor colocalizes with

the ERmarker RFP-HDEL (Figure S7A), we expressed the sensor

in cells that also expressed the Erg6-mCherry. In WT cells, the

sensor is relatively evenly distributed in the ER (Figure 7A). In

cells lacking FIT2 proteins, the sensor forms large puncta, sug-

gesting that DAG accumulates at these sites (Figure 7B). The

puncta are frequently closely apposed to LDs. We also ex-

pressed the ER-DAG sensor in dgk1D cells and found that the

distribution of DAG was similar to that of WT cells (Figure 7C),

despite the fact the levels of DAG are elevated in the ER of
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dgk1D cells (Figure 4D). Therefore ER-DAG sensor puncta in

scs3D yft2D cells are not caused by elevated levels of DAG in

the ER.

To obtain evidence that puncta formed by the ER-DAG sensor

are LD biogenesis sites, we added oleic acid to cells expressing

the ER-DAG sensor and the LD marker Erg6-mCherry. One hour

after oleic acid addition, the ER-DAG sensor formed puncta that

sometimes colocalized with or were close to LDs (Figure 7D). We

found that puncta formation by the ER-DAG sensor required

Figure 5. FIT2 Proteins Become Enriched at

Sites of LD Biogenesis

(A and B) Galactose was added to 3D GAL-LRO1

cells expressing chromosomally expressed Erg6-

mCherry and plasmids expressing Yft2-sfGFP (A)

or Scs3-GFP (B).

(C and D) Oleic acid was added to WT cells ex-

pressing chromosomally expressed Erg6-mCherry

and plasmids expressing Yft2-sfGFP (C) or Scs3-

GFP (D). Bars, 5 mM. Arrows indicate sites of co-

localization of the FIT2 proteins and Erg6-mCherry.

Effects of oleic acid addition on abundance of Yft2-

sfGFP and Scs3-GFP in Figure S6.

DAG binding by using a mutation in C1a/

b-PDK previously shown to ablate DAG

binding ([28]; Figure S7B). To demon-

strate that the puncta formed by the ER-

DAG sensor after oleic acid addition are

sites of LD biogenesis, we determined

whether they colocalize with Yft2-sfGFP.

All Yft2-sfGFP puncta that form after oleic

acid addition colocalize with puncta

formed by the ER-DAG sensor (Figures

S7C and S7D), suggesting that LD

biogenesis sites are enriched in DAG.

Collectively, these findings suggest that

FIT2 proteins modulate DAG levels at LD

biogenesis sites, where DAG accumu-

lates during LD biogenesis.

DISCUSSION

Here, we address the mechanism deter-

mining whether LDs remain embedded

in the ER or emerge into the cytoplasm.

Our modeling indicates that phospho-

lipids with negative molecular curvature,

z < 0, promote the embedded state of

LDs, while phospholipids with z > 0 sup-

port the emerged state. The intrinsic mo-

lecular curvature of phospholipids in the

ER affects LD emergence through two

factors: the bending energy of the lipid

monolayers covering the transition region

between the ER membrane and the LD,

and the elastic mismatch energy of ER

monolayers. Of these two factors, our

model predicts the energy of the transi-

tion region to have a dominant influence.

This factor depends on the phospholipid composition only of

the transition region itself, i.e., of the portion of the ER near a

forming LD. Lipids with high negative (e.g., DAG and PE) or pos-

itive (e.g., lyso-PC and lyso-PA) intrinsic molecular curvature

were predicted to have the strongest effects on the architecture

of LD-ER membrane connection. Consistent with these predic-

tions, we found that elevating DAG or PE in the ER increased

the fraction of LDs embedded in the ER while lyso-PC and

lyso-PA had the opposite effect.
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Therefore, the production or consumption of phospholipids

with high molecular curvature in the ER, particularly at sites of

LD biogenesis, is predicted to determine whether LDs remain

embedded in the ER membrane or emerge into the cytoplasm.

The enrichment of FIT2 at the sites of LD biogenesis, probably,

serves to regulate DAG levels in these regions. Our findings

with the ER-DAG sensor suggest that, in the absence of FIT2

proteins, DAG accumulates at sites in the ER where LD biogen-

esis can occur. Interestingly, the ER-DAG sensor becomes en-

riched at LD biogenesis sites even in WT cells when LD produc-

tion is induced, suggesting that DAG is normally produced near

these sites. One function of FIT2 proteinsmay be to prevent DAG

levels at LD biogenesis sites from becoming high enough to

inhibit LD emergence from the ER membrane. How FIT2 protein

reduce DAG levels at sites of LD biogenesis remains to be deter-

mined. Interestingly, there is recent evidence that FIT2 proteins

are related to lipid phosphatases or phosphotrasferases (31),

raising the possibility that they play a role in DAG metabolism,

particularly at sites of LD production.

Previously, it was suggested that the intrinsic molecular curva-

ture of phospholipids, z, may influence also the LD biogenesis [9,

10, 32]. Specifically, DAG was proposed to enhance the process

of LD formation due to its ability to generate high negative curva-

ture of membrane monolayers [10]. Taking together the latter

conclusion with our prediction of DAG-based regulation of LD

embedding into the ERmembrane, it can be expected that an in-

crease in the membrane DAG would facilitate formation of

embedded LDs. For transition of the generated LDs to the

Figure 6. Yft2-sfGFP Co-localizes with Other LD-Biogenesis Proteins

(A) Oleic acid was added to WT cells expressing plasmid encoded Yft2-sfGFP and either endogenously tagged Nem1-mCherry or Sei1-mCherry and visualized

after 1 hr. Inlay shows close up of boxed region, and panel on right shows quantification of the dotted line.

(B) Cultures of are1D are2D dga1D lro1D cells expressing Lro1-GFP under the GAL1 promoter and chromosomally Erg6-mCherry visualized before (top) or 1 hr

after galactose addition. Bars, 5 mM. Arrows indicate sites of co-localization of GFP-tagged proteins and Erg6-mCherry.
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emerged state, the amount of DAG in the membrane must be

decreased.

Our findings suggest that the embedded state of LDs may

be an equilibrium configuration rather than an intermediate

on the way to LD exposure to the cytoplasm. In the embedded

state, LDs are in contact with the ER lumen, where ER pro-

teins with metabolic and signaling functions can access LDs

and could regulate the dynamic variations of LD protein and

phospholipid compositions. Incorporation or mobilization of

neutral lipids from the LDs may occur more efficiently from

embedded LDs. The phospholipid-driven transition between

the embedded and emerged states of LDs could be used by

cells to regulate the homeostasis of neutral lipid storage and

other functions of LDs in response to ER stress or lipid

sensing in the ER.
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Figure 7. DAG Distribution in ER Altered in

Cells Lacking FIT2 Proteins and during LD

Biogenesis

Cells expressing ER-DAG sensor and Erg6-

mCherry were visualized after growth in SC me-

dium before (A–C) or 1 hr after addition of oleic acid

(D). Stacks of 3 images with a step size of 0.3 mm

were taken and deconvolved; images from a single

plane are shown. Bars, 5 mM. Arrows indicate

areas of co-localization or close association of

proteins. Controls for this figure are in Figure S7.
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STAR+METHODS

KEY RESOURCES TABLE

REAGENT or RESOURCE SOURCE IDENTIFIER

Antibodies

Mouse Anti-HA Monoclonal Antibody, Clone 12CA5 Roche Cat # 1583816001; RRID:

AB_514505

Mouse Anti-Yeast Dolichol Phosphate Mannose Synthase

(Dpm1p) Monoclonal, Clone 5C5

ThermoFisher Scientific Cat # A-6429; RRID AB_1498115

Mouse Anti-GFP, monoclonal clones 7.1 and 13.1 Roche Cat # 11814460001; RRID:

AB_390913

Mouse Anti-Porin monoclonal, clone 16G9E6BC4 ThermoFisher Scientific Cat # 459500; RRID:

AB_2532239

Rabbit Anti-Yeast Phosphoglycerate Kinase (Pdk1p),

polyclonal

ThermoFisher Scientific Cat # PA5-28612; RRID:

AB_2546088

Rabbit anti-Pma1 Lab stock N/A

Mouse Anti-Yeast V-ATPase 60 kDa subunit Monoclonal,

clone 13D11B2

ThermoFisher Scientific Cat # A-6427; RRID:

AB_2536202

Chemicals

Oleic acid Sigma-Aldrich Cat # O1008; CAS: 112-80-1

Brij58 Sigma-Aldrich Cat # P5884; CAS:

9004-95-9

Egg Lyso PC Avanti Polar Lipids Cat # 830071

Bovine Serum Albumin, defatted Sigma-Aldrich Cat # A7030; CAS:

9048-46-8

[3H]Palmitic acid American Radiolabeled

Chemicals

Cat # ART 0129A

19:0 Lyso PC Avanti Polar Lipids Cat # 855776; CAS:

108273-88-7

16:0 Lyso PA Avanti Polar Lipids Cat # 857123; CAS:

17618-08-5

BODIPY 493/503 ThermoFisher Scientific Cat # D3922; CAS:

121207-31-6

Yeast Strains

BY4741; MATa his3D1 leu2D0 ura3D0 met15 Invitrogen 95400.BY4741

BY4742; MATa his3D1 leu2D0 lys2D0 ura3D0 Invitrogen 95400.BY4742

VCY21; BY474 MAT? scs3::KanMX yft2::HIS3 This study. N/A

VCY30; MATa his3D1 leu2D0 lys2D0 ura3D0 are1::KanMX,

are2::KanMX trp1::URA3 GAL-LRO1::TRP1 dga1:: loxP scs3::

loxP yft2::lox-HIS3-lox

This study. N/A

VCY32; BY474 MAT? scs3::KanMX yft2::HIS3 nem1::NAT This study. N/A

VCY35; MATa his3D1 leu2D0 ura3D0 met15+ pSec63-

cherry-URA

This study. N/A

VCY36; MATa his3D1 leu2D0 ura3D0 met15 yft2::KanMX +

pSec63-cherry-URA

This study. N/A

VCY37 MATa his3D1 leu2D0 ura3D0 met15 scs3::KanMX +

pSec63-cherry-URA

This study. N/A

VCY38; BY474 MAT? scs3::KanMX yft2::HIS3 + pSec63-

cherry-URA

This study. N/A

VCY65; MATa his3D1 leu2D0 lys2D0 ura3D0 met15

are1::KanMX, are2::KanMX trp1::URA3 lro1::TRP1 dga1::loxP

Erg6-mCherry::HIS pGAL-GFP-LRO1-URA

This study. N/A

VCY89; MATa his3D1 leu2D0 ura3D0 met15 dgk1::KanMX This study. N/A

(Continued on next page)
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CONTACT FOR REAGENT AND RESOURCE SHARING

Further information and requests for resources and reagents should be directed to and will be fulfilled by Lead Contact, Will Prinz

(wp53m@nih.gov).

EXPERIMENTAL MODEL AND SUBJECT DETAILS

S. cerevisiae strains were cultivated at 30�C in YPD medium (1% Bacto yeast extract, 2% Bacto Peptone, 2% glucose or 2% raffi-

nose) or synthetic complete (SC) media containing 6.7g/L yeast nitrogen base without amino acids (USBiologicals), an amino acid

mix (USBiologicals), containing either 2% glucose, galactose, or raffinose. To grow cells in the presence of fatty acids, SC media

were supplemented with 0.5 mM oleic acid (Sigma aldrich) in the presence of 1% Brij-58 (SigmaAldrich). Where indicated, lysoPC

(Avanti Polar Lipids) was added to growth media at 300 mM from a stock prepared with 10 mg/mL defatted BSA (SigmaAldrich).

METHOD DETAILS

Plasmids used in this study
The plasmid encoding ER-DAG sensor was constructed by fusing the portion of the human protein kinase D gene encoding amino

acids 136-343 (obtained from Tamas Balla, NIH) to genes encoding GFP and the tail-anchored transmembrane domain of

S. cerevisiae Ubc6 under the ADH1 promoter in the plasmid YEplac181. The plasmids encoding Yft2-GFPsf and Scs3-GFP have

been described [13] and pRS415-Sec63-HA was a kind gift of Junjie Hu (Chinese Academy of Sciences, Beijing, China). To construct

the plasmid pGAL1-GFP-LRO1, LRO1was amplified by PCR from S. cerevisiae genomic DNA and inserted into the plasmid pRS426

so that it expresses GFP fused to the N terminus of Lro1p under the GAL1 promoter.

Fluorescence microscopy
Cells were visualized live after washing once with PBS. For (Figures 5, 6, and S3), and S7C, cells were imaged with an Olympus BX61

microscope, a UPlanApox100/1.35 lens, a QImaging Retiga EX camera, and processed using IVision software (version v 4.0.5). Im-

ages being directly compared were obtained using identical microscope settings. For Figure 7 and Figures S7A and S7B, cells were

imaged at 30�C in an Environmental Chamber with a DeltaVision Spectris (Applied Precision Ltd.) comprising a wide-field inverted

epifluorescence microscope (IX70; Olympus), a 100x�NA 1.4 oil immersion objective (UPlanSAPO; Olympus), and a charge-coupled

device Cool-Snap HQ camera (Photometrics). Where indicated, images were deconvolved using the conserved ratio method,

SoftWorx (Applied Precision Ltd.).

To visualize LDs in yeast, cells were grown in SCmedia and stained with BODIPY 493/503 (1mg/ml) for 5 min at room temperature.

Labeling with [3H]palmitic acid and quantification of lipids
To quantify neutral lipids and phospholipids, cells were labeled with [3H]palmitic acid as described previously [13]. Cells were grown

at 30�C for 16 hours in YPD media supplemented with 10mCi/ml [3H]palmitic acid (American radiolabeled Chemicals, Inc., St Louis,

Continued

REAGENT or RESOURCE SOURCE IDENTIFIER

VCY105; MATa his3D1 leu2D0 ura3D0 met15 Erg6-

mCherry::HIS pYft2-sfGFP-LEU

This study. N/A

VCY106; MATa his3D1 leu2D0 ura3D0 met15 Erg6-

mCherry::HIS pScs3-GFP-URA

This study. N/A

VCY107; MATa his3D1 leu2D0 lys2D0 ura3D0 met15

are1::KanMX are2::KanMX trp1::URA3 GAL-LRO1::TRP1

dga1::loxP Erg6-mCherry::HIS pYft2-sfGFP-LEU

This study. N/A

VCY108; MATa his3D1 leu2D0 lys2D0 ura3D0 met15

are1::KanMX are2::KanMX trp1::URA3 GAL-LRO1::TRP1

dga1::loxP Erg6-mCherry::HIS pScs3-GFP-URA

This study. N/A

VCY117; BY474MAT?Nem1-mCherry::HIS pYft2-sfGFP-LEU This study. N/A

VCY119; BY474 MAT? Fld1-mCherry::HIS pYft2-sfGFP-LEU This study. N/A

VCY142; BY474 MAT? nem1::KanMX Erg6- mCherry::HIS

pYft2-sfGFP-LEU

This study. N/A

NOY129; BY474 MAT? nem1::KanMX This study. N/A

Critical Commercial Assays

mMACS MicroBeads coated with anti-HA antibodies Mitenyl Biotec Cat # 130-091-122
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MO). Cells were harvested and lipids were extracted as described [33]. When extracting lipids from immuno-purified ER, 1.5 mL of

membranes was added to 6 mL of chloroform:methanol (1:2).

To quantitate TAG, DAG, and SE, the lipids were spotted onto silica gel 60 thin layer chromatography (TLC) plates (Merck, Darm-

stadt, Germany) and developed with hexane-diethylether-acetic acid (70:30:2). Glycerolphospholipids were separated by TLC as

described [34]. Radiolabeled lipids on TLC plates were quantified using a RITA Star Thin Layer Analyzer (Raytest, Germany).

Quantification of LPC in microsomes by mass spectrometry
Lipids were extracted from microsomes corresponding to around 3.5 mg of protein, supplemented with 15 pmol C19-LPC per mg of

protein as internal standard (Avanti Polar Lipids), first using chloroform:methanol (17:1; v/v), and then chloroform:methanol (2:1; v/v)

[35].The recovered lipids were pooled, dried and resuspended in chloroform:methanol (1:2; v/v). Before injection, the samples were

diluted 1:10 (v/v), and mixed with ammonium formate dissolve in isopropanol to a final solvent composition of 7.5 mM ammonium

formate in chloroform:methanol:isopropanol (1:2:4; v/v/v) [36]. LPC were analyzed by direct infusion using ESI-MS, and detected

both as protonated LPC [MH]+, and as sodium adduct [M+Na]+. The Thermo LTQ mass spectrometer (Thermo Fisher Scientific)

was operated in the positive ion mode using electrospray ionization at a flow rate of 15 ml/min and a spray voltage of 4.8 kV.

Electron Microscopy
Samples were prepared for EM as previously described [13]. Briefly, cells were fixed in the fixative media (1% glutaraldehyde, 0.2%

paraformaldehyde, and 40mMpotassiumphosphate, pH 7.0) for 10min at RT followed by incubation on ice for 50min in fresh fixative

media. Cells were washed twice with 0.9% NaCl and once with water. Cells were incubated with 2% solution of KMnO4 for 5 min at

RT, centrifuged and again resuspended with fresh solution of 2% KMnO4 for 45 min at RT for en-bloc staining. Subsequently cells

were dehydrated using graded series of ethanol, embedded stepwise using Spurr’s low viscosity resin (EMS, Hatfield, PA, USA), and

polymerized at 65�C for 48 hr. Semi and ultrathin sections were produced with a diamond knife (Diatome, Biel, Switzerland) on an

ultra-microtome (UC7, Leica-Microsystems), collected on 200 mesh copper grids (EMS, Hatfield, PA, USA), post stained with uranyl

acetate and lead citrate, and visualizedwith a Tecnai T12 TEM (FEI), operating at 120 kV. Pictures were recorded on a belowmounted

Gatan 2k x 2k CCD camera.

Immuno-purification of ER
ER enriched membranes were immuno-purified from cells expressing Sec63-HA. Cells were grown in SC media to late logarithmic

growth phase. Where indicated, 10mCi/ml [3H]palmitic acid (American radiolabeled Chemicals, Inc., St Louis, MO) was added to the

media. 200 OD600 cells were harvested, washed twice with 50 mM EDTA, and resuspended in 1 mL of ice-cold lysis buffer (600 mM

Sorbitol, 10 mM triethanolamine, 150 mM NaCl, 1 mM EDTA, 1 mM PMSF, protease inhibitor cocktail (Roche), pH 8.0). Cells were

disrupted by agitation with glass beads at 4�C using a Precellys-24 homogenizer (Bertin Instruments). The homogenate was centri-

fuged at 1000 g for 5 min at 4�C. The supernatant was centrifuged at 5000 g for 10 min at 4�C. The pellet was discarded and the

supernatant was again centrifuged at 12000 g for 15 min, and 16000 g for 15 min at 4�C. The supernatant was incubated for 2 hr

at 4�Cwith 60 mL of mMACSMicroBeads coated with anti-HA antibodies (Mitenyl Biotec) that had been equilibrated with lysis buffer.

The MicroBeads were washed once with 5 mL of lysis buffer, twice with 5 mL of washing buffer (lysis buffer but with 300 mM NaCl),

and pelleted at 100,000 g for 30 min at 4�C. Proteins were eluted from the MicroBeads by incubation with SDS-PAGE running buffer.

ISOLATION OF MICROSOMES FOR LIPID ANALYSIS

Cells in mid-logarithmic growth phase at 30�C in SC containing raffinose were transferred to SC containing 2% galactose and either

300 mM LPC solubilized with defatted BSA or BSA alone. After growing for one hour,�2000 OD600 cells were pelleted, washed twice

with water, and frozen. The cell pellet was thawed on ice, washed twice with 50 mM EDTA, and resuspended in ice-cold lysis buffer

(600mMSorbitol, 10mM triethanolamine, 150mMNaCl, 1 mMEDTA, 1mMPMSF, protease inhibitor cocktail (Roche), pH 8.0). Cells

were disrupted by agitation with glass beads at 4�C using a Precellys-24 homogenizer (Bertin Instruments). The homogenate was

centrifuged at 1000 g for 5 min at 4�C. The supernatant was centrifuged at 5000 g for 10 min at 4�C. The pellet was discarded

and the supernatant was centrifuged at 30,000 g for 30 min at 4�C. The supernatant was again centrifuged at 100,000 g for 1 h at

4�C. The pelleted membranes were frozen in liquid N2.

Model used for computations of the energy contributions determining the configuration of a membrane tubule
with a LD
Asmentioned in the main part, the essential part of the system energy is the elastic energy of bending of membrane monolayers [19],

a concept proved successful for understanding the plethora of shapes exhibited by intracellular membranes. A central notion of this

concept is that of two principal curvatures of the membrane surface, c1 and c2, which determine the local membrane shape by char-

acterizing the degree of the surface bending in two mutually perpendicular directions called the principal directions (Figure S1A) (see

e.g [37]). For fundamental physical reasons, the model of membrane bending uses two combinations of the principal curvatures,

namely their sum, J = c1 + c2, referred to as the mean curvature, and their product, K = c1,c2, called the Gaussian curvature

(see e.g., [37]).
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Mismatch energy accumulated by membrane monolayers and the ways of its relaxation

The two phospholipid monolayers constituting the bilayer are assumed to have the same phospholipid composition (see below for

discussion). To make clear the origin of the elastic energy stored within the initial ER tubule, we consider an imaginary process of the

tubule step-by-step formation from two monolayers.

Eachmonolayer, taken separately, tends to adopt a shape with themean curvature equal to the weighted average of themolecular

curvatures of the constituting lipids [16] and referred to as the monolayer spontaneous curvature,

Jsm =
X

fizi (Equation S1)

where zi is the molecular curvature of i-th phospholipid component and fi is the mole fraction of this component within the mono-

layer. For example, in case the monolayer contains an excess of phospholipids with negative molecular curvature such as DAG

characterized by zDAGz� 1 nm�1 [15], each monolayer has a negative spontaneous curvature, Jsm < 0, and tends to adopt a

concave shape (Figure S1B). In the opposite case of an excess of phospholipids with positive molecular curvature, such as lysoPC

described by zLPCz0:2 nm�1 [15], the monolayer spontaneous curvature is positive, Jsm > 0, and the preferred monolayer shape is

convex.

At the first imaginary step of the tubule formation, the twomonolayers get coupled into a bilayer (Figure S1C). Since themonolayers

have the same spontaneous curvature, Jsm, for symmetry reasons, the resulting bilayer acquires a flat shape with vanishing mean

curvature, JB = 0 (Figure S1C). Hence, eachmonolayer within the bilayer is forced to be flat, and deviates, therefore, from its preferred

curved shape. This mismatch between the nonzero spontaneous curvature of each monolayer and its vanishing actual mean curva-

ture results in accumulation within the monolayer of elastic energy. The sum of the elastic energies of the twomonolayers constitutes

the mismatch energy of the membrane, Fmis.

At the next step, the reticulons sculpt the bilayer into a cylindrical tube with radius, R, so that the bilayer mid plane acquires amean

curvature, JB = 1=R. As a result, the external and internal monolayers whose surfaces are shifted, respectively, up and down from the

bilayer mid surface, by the monolayer thickness, d, acquire mean curvatures, Jout = 1=ðR+ dÞ and Jin = � 1=ðR� dÞ, respectively.
Upon this bilayer bending, the elastic energy increases for one monolayer and decreases for the second one, but, in a sufficiently

good approximation of small monolayer thickness, ðdÞ=ðRÞ � 1, the changes of the elastic energies of the twomonolayers mutually

compensate so that the total mismatch energy, Fmis, remains the same as in the flat shape preceding the bending by reticulons. It is

important to emphasize that, since the mismatch energy, Fmis, is a direct consequence of a non-vanishing spontaneous curvature of

the phospholipid monolayers constituting the ER membrane tubule, Jsms0, it depends on the monolayer phospholipid composition

through (Equation S1).

One of the key points of themodel is that themembrane tends to relax, as much as possible, themismatch energy, Fmis, and, at the

same time, to keep the mean curvature of its mid surface, JB, as close as possible to the value, JB = 1=R, created by the reticulons.

A relaxation of the mismatch energy, Fmis, is, indeed, possible under certain conditions. To illustrate the geometrical essence of

such relaxation, consider again a flat bilayer element (Figure S1C), formed by coupling of twomonolayers with negative spontaneous

curvature, Jsm < 0, such that each monolayer, if taken separately, tends to adopt a concave shape (Figure S1B). Although not imme-

diately intuitive, the in-depth analysis shows that acquiring by this bilayer element of a saddle-like shape (Figure S1D) enables some

decrease of themismatch energy, Fmis, while keeping themean curvature of the bilayer mid surface vanishing, JB = 0, like in the initial

flat state. Indeed, the saddle-like shape of the bilayer mid surface is convex and concave at the same time (Figure S1D) such that the

positive and negative curving mutually compensate and the mean curvature of the mid surface remains vanishing, JB = 0, while the

Gaussian curvature becomes negative, K < 0. At the same time, a calculation of the deformations of the planes within themembrane

shifted with respect to the mid plane reveals that the surfaces of the external and internal monolayers, which are shifted from the

bilayer mid surface, acquire non-zero mean curvatures, Jout and Jin, which are equal for the two monolayers and are negative,

Jout = Jin < 0. As a result, the transition from the flat to the saddle-like shape, reduces the differences between the actual monolayer

mean curvatures, Jout and Jin, and their negative spontaneous curvatures, Jsm < 0, so that themismatch elastic energy, Fmis, partially

relaxes.

An analogous consideration shows that also if the considered bilayer element is bent by reticulons into a cylindrical shape, it can

reduce, to some extent, its mismatch energy, Fmis, by acquiring a saddle-like hourglass shape.

Finally, a partial relaxation of the mismatch energy, Fmis, is possible also if the membrane monolayers have a positive spontaneous

curvature, Jsm > 0, generated by an excess of phospholipids with a positive molecular curvature, z > 0, such as lysolipids. In this

case, to reduce Fmis, the bilayer element has to become more convex or more concave.

The qualitative conclusions above have been accounted for by exact considerations based on the theory of membrane bending

elasticity, which demonstrated that the mismatch energy is proportional to the Gaussian curvature of the membrane mid plane, K.

The expression for the mismatch energy related to the unit area of the membrane mid plane, fmis, which followed from these consid-

erations, is given by

fmis = � 4km,d,Jsm,K (Equation S2)

where Jsm is the monolayer spontaneous curvature (Equation S1), km is the monolayer bending modulus, d is the monolayer thick-

ness. The energy (Equation S2) is determined with respect to the flat reference state of K = 0. For the following, we refer to the prod-

uct of the system parameters, 4km,d,Jsm, in Equation S2 as the Gaussian parameter,
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Dk= 4km,d,Jsm (Equation S3)

so that fmis = � Dk,K.
Up to now, we considered an isolated membrane fragment with free edges. On the other hand, the membranes of ER and other

cellular organelles, whose total mismatch energy, Fmis, can be computed by integration of fmis over the total area of the membrane,

Fmis = � Dk#K dA (Equation S4)

are continuous and do not possess free edges. A geometrical analysis demonstrates that for closed membrane with no free edges

the relaxation of the total mismatch energy, Fmis (Equation S4), is not possible. The reason for this is that favorable deformations in

some elements of a continuous membrane are necessarily accompanied by unfavorable deformations in other elements so that

the overall change on the total mismatch energy, Fmis, exactly vanishes. Mathematically, this means that the integral representing

the mismatch energy (Equation S4) for a closed surface remains constant independently of the surface deformations (Gauss-

Bonett theorem [37]).

At the same time, in case the membrane has a discontinuity, such as the one produced by a LD (Figure S1A), relaxation of the

total mismatch energy, Fmis, becomes feasible. The variations of the mismatch energies of the lipid bilayer elements adjacent to

the discontinuity rim remain uncompensated due to the absence of the bilayer on the other side of the rim, such that the integral

(Equation S4) decreases for certain membrane shapes. As a result, a repositioning of the discontinuity rim along the LD surface

and the related changes of the membrane tubule shape result in partial relaxation of the total mismatch elastic energy of the mem-

brane, Fmis.

Energy of membrane-LD transition region
The transition region is the zonewhere the cytosolic and luminal monolayers of ERmembrane connect smoothly to the corresponding

monolayers of the LD (Figure S1A). The gap between the monolayers covering the transition region is filled by the neutral lipids. The

energy of the transition region, Ftrans, is the thermodynamic work, which has to be performed to create it out of the initial membrane

bilayer. There are two major factors that determine this energy. First, the monolayers attract each other by Van-der-Waals (VdW)

force [38]. Separating themonolayers requires awork to be done against VdW forces, which contributes to the energy of the transition

region. Second, the phospholipid monolayers of the transition region acquire a strongly concave shape characterized by a negative

mean curvature (Figure S1A). The elastic energy of this curvature is another contribution to Ftrans. Importantly, the latter energy contri-

bution essentially depends on the spontaneous curvatures, Jsm, and, hence, the composition of the phospholipid monolayers

covering the transition region.

Based on imaging of nascent LDs [12, 13, 39–42], the observations in model systems [9] and our evaluations, the characteristic

width of the transition region can be estimated to be a few tens of nanometers. Here, we consider LDs, which are significantly larger

than this width having diameters of 100nm and more. As mentioned above, for the sake of semiquantitative analysis, this enables us

to consider the transition region as a width-less line running along the interface between the ERmembrane and LD and referred to as

the contact line (Figure S1A). The energy of the transition region related to the unit length of the contact line will be called the line

tension, l. The total energy of the transition region is given by integration of the line tension over the contact line.

Ftrans = #l dL (Equation S5)

The energy, Ftrans, will be computed with respect to the initial non-split state of the monolayers.

To simplify the derivations, we consider the membrane and the LD surface to be flat so that the intercept between their planes is a

straight line representing the axis of the transition region (Figure S2A). This approximation is expected to give quantitatively accurate

results in caseswhere thewidth of the transition region ismuch smaller than the radii of curvature of themembrane tubule and the LD.

Otherwise, our description of the transition region has to be regarded as semiquantitative. We choose the contact line between the

ER membrane and the LD to coincide with the axis of the transition region.

We assume that the two monolayers of the transition region have a shape of quarter cylinder so that the phospholipid monolayers

covering the upper and lower faces of the transition are represented by circular arcs of radius R (Figure S1A). This approximation

enables an analytical determination of the energy, Ftrans, but the accuracy of the model predictions has to be considered as

semiquantitative.

As mentioned in the main text, we consider two contributions to the energy of the transition region, Ftrans. The first is the energy of

Van-der-Waals (VdW) attractive forces, FVdW , which act between the phospholipid monolayers covering the cytosolic and luminal

faces of the transition region (Figures S1A and S2A). The second is the energy of bending of the cytosolic and lumenal monolayers

of the transition region, FB.

We compute the energy, Ftrans, and the corresponding line tension, l, by minimizing the sum of FVdW and FB with respect to the

curvatures of the cytosolic and luminal monolayers of the transition region and the distribution of the lipid components between

the monolayers of the transition region and those of the bilayer membrane.

The computation of FVdW is based on the expression for VdW interaction between two flat parallel lipid monolayers separated by a

layer of hydrophobic medium (Figures S1A and S2A). The energy of this interaction related to area element of the monolayer, fVdW ,

can be presented as [38]
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fVdWz� 1

12p

AH

ðlb + lÞ2 (Equation S6)

where AH is the Hamaker constant of the system, lb is twice the monolayer thickness, l is the distance between the monolayers faces

across the hydrophobic medium [38].

To compute the energy of interaction between the curvedmonolayers of the transition region, we use the well-established Derjagin

approximation [38], according towhich the total energy of VdW interaction is given by integration of fVdW (Equation S6) over themono-

layer surfaces,

Ff
VdW = � AH

12p

Z
dA

ðlb + lÞ2 = �
AH

12p
L

ZN
0

Rdq�
lb +Rq2

�2 = � AH

48

L

lb

ffiffiffiffi
R

lb

s
(Equation S7)

where L is the length of the contact line, and q is the angular coordinate along the monolayer profile, as illustrated in (Figure S2B). The

VdW energy of formation of the transition region out of the initial flat bilayer is given by the difference between the energy, Ff
VdW , given

by Equation S7, and VdW energy of the initial non-split monolayers, Fi
VdW , which is given by Equation S6 for l = 0. As a result, we

obtain for FVdW = Ff
VdW � Fi

VdW ,

FVdW =
1

24

AH

lb
L

 
R

lb
� 1

2

ffiffiffiffi
R

lb

s !
(Equation S8)

The bending energy of the two quarter-cylindrical phospholipid monolayers of the transition region related to the energy in the initial

flat shape is given within Helfrich model of membrane bending elasticity by [19],

FB =pkm L R

�
1

2

1

R2
� Jsm

1

R

�
(Equation S9)

where km is the monolayer bending modulus and Jsm is the monolayer spontaneous curvature.

First, we consider a simplest scenario where the monolayer spontaneous curvature, Jsm, is homogeneous all over the system

including themembrane and the transition region. The energy of the transition region and the corresponding line tension are obtained

by minimization of the sum of VdW and bending energies, FVdW + FB. Assuming that the curvature radius of the monolayers exceeds

considerably the bilayer thickness, R [ lb, we obtain for the line tension, l

l=

ffiffiffiffiffiffi
p

12

r
,

ffiffiffiffiffiffiffiffiffiffiffi
AHkm

p
lb

+p km Jsm (Equation S10)

Now consider a more sophisticated situation, where lipid molecules undergo partitioning in the monolayer plane, which enables

reduction of the bending energy. In this case, in addition to the energies of VdW interaction and the monolayer bending, we have

to take into account the contribution to the energy of the entropy of the lipid molecule distribution between the membrane and

the monolayers of the transition region. For the sake of this computation we use an explicit relationship between the local sponta-

neous curvature, Jsm, and the phospholipid composition of a monolayer, which is equivalent to Equation S1. It is convenient to

consider the monolayer phospholipid mixture as consisting of a background component having a molar ratio in the mixture, f0,

and a number of the lipid additions with molar ratios, fi, such that f0 = 1�Pfi, where the summation in taken over all lipid additions.

In a good approximation, Jsm is a weighted average of the molecular curvatures of all lipid components,

Jsm = z0 +
X

fi ðzi � z0Þ (Equation S11)

where z0 is the molecular curvature of the background lipid, and zi is the molecular curvature of the i-th lipid addition [16]. Equa-

tion S11 assumes that the molecular areas in the membrane plane are equal for all phospholipid components.

Using Equations S10 and S11 and the well-known expression for contribution to the monolayer free energy of the translational en-

tropy of the components, the energy of the transition region formation can be presented as

F =FVdW +p R L
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(Equation S12)

where f0
i are the mole fractions of the phospholipid additions in the membrane, which plays a role of a lipid reservoir for the transition

region, a is the molecular area of phospholipids in the membrane plane, and kBTz410�21Joule is the product of Boltzmann constant

and the absolute temperature. The term in the first square brackets represents the contribution of the bending energy, while the terms

in the second square brackets is the translational entropy contribution. The energy (Equation S12) has to beminimizedwith respect to

18

ht
tp
://
do
c.
re
ro
.c
h



the lipid molecular fractions in the transition region, fi, and the curvature radius of the lipid monolayers fragments covering the tran-

sition region, R. The minimization with respect to fi leads to the relationships

ln

 
fi

1�
X

fi

!
= ln

 
f0
i

1�
X

f0
i

!
+
kma

kBT

ðzi � z0Þ
R

(Equation S13)

Substituting Equation S13 in Equation S12, after some simple algebra we get

F =FVdW +p R L
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75 (Equation S14)

and the corresponding line tension is

l=
F

L
(Equation S15)

We substitute Equation S8 for VdW energy in Equation S14 and minimize the result with respect to the monolayer curvature radius

R. This minimization can be performed analytically if the mole fractions of the lipid additions in themembrane are small, f0
i � 1, and

the effective molecular bending energy of every addition is smaller than the thermal energy, jðkm a=kBTÞððzi � z0Þ=RÞ j � 1. In this

case, the line tension, l (Equation S15), is given by

l=

ffiffiffiffiffiffi
p

12

r
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ffiffiffiffiffiffiffiffiffiffiffi
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(Equation S16)

where az0:7nm�2 is lipid molecular in-plane area and, as above, the summations are taken over all lipid additions. Otherwise, the

latter minimization needs numerical computations.

For quantitative illustration of the line tension dependence on the lipid composition, we consider a specific case relevant for the

experimental verification of the model presented in the main part of the article, where the only phospholipid addition is DAG having

the molecular curvature zDz� 1 nm�1 [15] and the molecular curvature of the background lipid vanishes, z0 = 0. Substituting the

typical values for other parameters, AHz1:5 kBTz5:210�21 Joule [38], km = 410�20 Joule [19] and lb = 3nm [43], we obtain that

the line tension, l, becomes negative for feasible DAG molar ratios of few percent.

Bending energy of ER tubule
The deformation of the membrane tubule in the vicinity of LD resulting from the interplay between the mismatch energy, Fmis, and the

energy of the transition region, Ftrans, leads to deviation of the membrane from the initial tubular shape created by the reticulons. This

must be accompanied by accumulation of the energy, FT , resulting from the resistance of the reticulons to the changes of membrane

curvature. To account for this energy, we describe the effect of the reticulons by a spontaneous curvature, JsB, the reticulons impose

on the membrane as a whole. The energy per membrane unit area, fT , related to a deviation of the mean curvature of the bilayer mid

plane, JB, from the bilayer spontaneous curvature, JsB, will be assumed to have the generic form [19],

fT =
1

2
kbðJB � JsBÞ2 (Equation S17)

where kb is themembrane bendingmodulus accounting for the contributions of both the phospholipid bilayers and the reticulon scaf-

folds. The total bending energy of the membrane is given by integration of fT over the membrane surface,

FT = #fTdA (Equation S18)

It has to be added for completeness that the phospholipid monolayers, constituting the membrane, are characterized also by the

moduli of Gaussian curvature,km, and the corresponding energy of Gaussian curvature,K [19]. In general, this energy has to be added

to the mismatch energy (Equation S4). Here we assume that the monolayer moduli, km, are homogeneous throughout the tubular

membrane, the transition region and the monolayers covering the LD. In this case, for the mentioned above geometrical reasons

(Gauss-Bonnet theorem) the monolayer energy of Gaussian curvature remains constant independently of the system shape and,

therefore, does not influence the membrane configurations induced by LD insertion. As a result, the only relevant energy contribution

related to Gaussian curvature, is that of the mismatch energy (Equation S4).

Computations
We computed the configurations of a membrane tubule containing a LD by numerical minimization of the total energy of the system,

which includes the mentioned above contributions from the mismatch (Equation S4) and bending (Equation S18) energies of the ER

tubular membrane and the energy of the transition region (Equation S5).

The LD was considered to remain spherical irrespectively of the membrane configurations. The reason for that is the finite surface

tension of the LD, which favors the spherical shape of the droplet and is not counteracted by any tension in the loose tension-free

membrane. To simplify the calculations, we assumed that the membrane is perpendicular to the LD surface at the contact line.
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In computations accounting for DAG redistribution between the membrane and the transition region we made the simplest

assumption that the contributions to J0sm and Jtsm of all phospholipids but DAG mutually compensate so that deviations of the spon-

taneous curvatures, J0sm and Jtsm, from zero is produced, solely, by DAG.

The energy minimization was performed numerically by using Brakke’s ‘‘Surface Evolver’’ program [44].

Assumptions of the model
One important assumption of our model is that there is a vanishing lateral tension in the ER bilayer containing LDs. We also assume

that there is sufficient surface tension on LDs for them to be spherical and that this tension is equal for the cytosolic and luminal sides

of LDs. The interplay between ER bilayer tension and the LD shape has been recently considered in great detail [9]. It was shown that

bilayer tensions of more than 0.1 mN/m can prevent LDs from rounding, while lower tensions do not interfere with formation of spher-

ical LDs [9].

There is little reason to suspect that the ER membranes are exposed to significant tensions exceeding 0.1 mN/m. Indeed, the ER

tubular network can be formed in vitro through fusion of ER derived vesicles in the absence of cytoskeleton and molecular motors

[45]. In cells, ER tubules are not aligned with the cytoskeleton [46], suggesting that the ER is not anchored to or stretched between

the cytoskeleton elements. Consistent with this, depolymerization of cytoskeletal filaments does not result in ER networks collapse in

yeast [47] and causes only gradual retraction of the peripheral ER network in mammalian cells [48]. Finally, observation of the ER by

fluorescence and electron microscopy does not suggest the ER tubules to be is stretched (see e.g., [46]).

Concerning a non-vanishing surface tension on LDs, there are two major arguments in favor of this assumption. First, a practically

ideally spherical shape of mature LDs could not be observed in case the droplets had a vanishing surface tension since strong shape

fluctuations would result in substantial deviations of the LD shape from the spherical one. Second, according to the fundamental

knowledge achieved by Physical Chemistry of emulsions and microemulsions, there are no surfactants, which would be able to

completely abolish the surface tension of an interface between a hydrophobic substance and the aqueous solution. Therefore, it

is implausible that a phospholipid monolayer can entirely eliminate the LD surface tension equal zero. The specific value of the LD

surface tension is irrelevant for the model since the vanishing lateral tension of the membrane cannot counteract any finite tension

of the LD.

Therefore, our assumptions of zero lateral tension in ER membranes and non-vanishing LD surface tension in LD are consistent

with the observations of ER shape dynamics, the results of physico-chemical studies of behavior of artificial hydrophobic droplets

in lipid bilayers [9], and the round shape of LDs in cells.

Our model also makes important assumptions about phospholipid distribution in the ER, we assume there is no difference in

composition between the ER membrane leaflets and between the ER membrane and the surface of LDs. There is, however, some

evidence for minor differences [1, 49, 50]. These differences are probably not big enough to significantly affect LD emergence. It

has been suggested that the asymmetric distribution of phospholipids between ER leaflets could influence whether LDs emerge

into the cytoplasm or ER lumen [51] but our model suggests that the direction of emergence could be solely determined by the pos-

itive curvature of the ER tubular membrane.

Finally, to facilitate the numerical calculations we required the membrane to remain oriented perpendicularly to the LD surface

along the contact line. Our computations for several specific parameter sets confirmed that lifting this constraint influences to small

extent the membrane shape in the vicinity of LD but does not affect the qualitative and quantitative conclusions of the model.

QUANTIFICATION AND STATISTICAL ANALYSIS

In Figures 3D, 3F, 4D, 4E, S3B, and S4B statistical significance was assessed using one-way ANOVA with Tukey’s multiple compar-

ison from at least three independent experiments. A p value of < 0.05 was considered significant. In Figure 4C, statistical significance

was assessed using a two-tailed unpaired Student’s t test and a p value of < 0.05 was considered significant.
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